Seeds have evolved in association with diverse microbial assemblages that may influence plant growth and health. However, little is known about the composition of seed-associated microbial assemblages and the ecological processes shaping their structures. In this work, we monitored the relative influence of the host genotypes and terroir on the structure of the seed microbiota through metabarcoding analysis of different microbial assemblages associated to five different bean cultivars harvested in two distinct farms. Overall, few bacterial and fungal operational taxonomic units (OTUs) were conserved across all seed samples. The lack of shared OTUs between samples is explained by a significant effect of the farm site on the structure of microbial assemblage, which explained 12.2% and 39.7% of variance in bacterial and fungal diversity across samples. This site-specific effect is reflected by the significant enrichment of 70 OTUs in Brittany and 88 OTUs in Luxembourg that lead to differences in co-occurrence patterns. In contrast, variance in microbial assemblage structure was not explained by host genotype. Altogether, these results suggest that seed-associated microbial assemblage is determined by niche-based processes and that the terroir is a key driver of these selective forces.
Introduction
Plants have evolved in association with diverse microbial assemblages, also known as microbiota, which can affect key plant traits such as metabolite production , disease resistance (Mendes et al., 2011) , flowering time (Panke-Buisse et al., 2015) and biomass accumulation (Sugiyama et al., 2013) . Owing to such important effects on plant growth and plant health, a substantial amount of work has investigated the processes involved in the assembly of the phyllosphere and the rhizophere microbiota (Bulgarelli et al., 2012; Lundberg et al., 2012; Horton et al., 2014; Maignien et al., 2014) . In contrast, other plant habitats such as the anthosphere (Shade et al., 2013) , the carposphere (Telias et al., 2011) and the spermosphere (Ofek et al., 2011) have been often overlooked. However, these plant habitats may act as reservoirs for the plant microbiota because they are associated to the reproductive stage of plants and are therefore involved in the vertical transmission of microorganisms from one plant generation to another (Aleklett and Hart, 2013) .
Although transmission of microorganisms from plant to seed is the primary source of inoculum for the plant (Baker and Smith, 1966; Nelson, 2004; Darrasse et al., 2010) , relatively little is known about the structure of seedassociated microbial assemblages and the regulators of assemblage structure. Culture-independent surveys have revealed that seed-associated microbial assemblages are composed of 50-1000 bacterial and fungal operational taxonomic units (OTUs) (Lopez-Velasco et al., 2013; Links et al., 2014; Barret et al., 2015) . These differences in seed microbiota richness could be attributed to deterministic processes such as host genetic variations. For instance, it has been shown that some plant genotypes select certain endophytic bacterial taxa from one plant generation to another (Johnston-Monje and Raizada, 2011; Hardoim et al., 2012) . Moreover, a fraction of the seed microbiota is conserved among different plant lineages (Links et al., 2014) . However, the structure of the seed microbiota seems also driven by other deterministic processes such as field management practices, harvesting methods, seed processing and storage (van Overbeek et al., 2011; Aleklett and Hart, 2013) . Indeed, we have recently observed that variability of seed-associated bacterial and fungal assemblages could be explained, in part, by the geographic location of the production area (Barret et al., 2015) .
Understanding the processes involved in the assembly of the seed microbiota may result in practical applications for seed quality and agriculture. For example, some seedassociated microbial assemblages may release seed dormancy through production of cytokinins (Goggin et al., 2015) and therefore ensure a homogenous field germination. In addition, activity of the seed microbiota may also limit the installation of exogenous microorganisms (Bacilio-Jimenez et al., 2001 ) and consequently decrease the activity of plant growth-promoting inoculants. Finally, transmission of phytopathogenic microorganisms by seed is an important mean of pathogen dispersion and therefore has been recognized as significant in the emergence of diseases in new planting areas (Baker and Smith, 1966) . Altogether, these observations clearly highlight a need to improve our knowledge on processes shaping the structure of the seed microbiota.
To date, local adaptation in annual crops has been mainly studied at the genetic level (Tiranti and Negri, 2007; Pyhajarvi et al., 2013; Savolainen et al., 2013; Raggi et al., 2014) . However, microbial assemblage may be one of the determining factors influencing local adaptation in plants (Bulgarelli et al., 2013) . For instance, recent works have shown that soil-associated microbial assemblage is a key feature in regional variation among wine grapes (Bokulich et al., 2014; Zarraonaindia et al., 2015) , therefore suggesting that soil microbiota is an important component of the terroir. According to one definition, terroir is a geographic space delimited according to a human community sharing distinctive cultural traits, know-how and practices developed over its common history based on a system of interactions between the natural environment and human factors (Prevost and Lallemand, 2010) . Functioning of the terroir relies on the interactions between abiotic and biotic factors such as climate, soil and plants. While the effect of terroir on perennial species and the products derived from them is commonly recognized, its influence on the production of annual species and staple foods under field conditions has only recently become an object of research (Lhomme et al., 2015) .
The role of the seed microbiota in the local adaptation of plants was recently questioned in the framework of a participatory research project on farm seeds (Farm Seed Opportunities), leading to the work presented here. The purpose of this work was to assess the relative influence of host genotypes and terroir on the structure of the seed microbiota. In this context, we used common bean (Phaseolus vulgaris L.) as a model species because common bean is a crop of worldwide importance as food crop. Many traditional cultivars exist in the Old and New Worlds and the farmers engaged in the research project produce such traditional cultivars. Moreover, common bean is concerned by several seed-borne fungal, bacterial and viral pathogens that can hinder plant health and development. Effects of seed microbiota on plant health and adaptation are thus of particular interest for this crop.
The relative influence of the host genotypes and terroir on the structure of the bean seed microbiota was assessed through metabarcoding analysis of five different bean cultivars harvested in two distinct farms. Because these two farms have their own practices (from crop management to postharvest handling) and are located in two contrasted climatic areas, they represent different terroirs. On the one hand, we found that the terroir is a key driver of the structure of seed-associated microbial assemblage and impact mainly fungal diversity. On the other hand, we found that plant cultivar is not significantly shaping the assembly of the seed microbiota of common bean.
Results
The main objective of this work was to assess the relative influence of the host genotypes and terroir on the assembly of the seed microbiota. The effect of these two deterministic processes on the structure of seed-associated microbial assemblages was studied on bean seed samples. These seed samples were obtained by multiplying five seed lots of different bean cultivars [namely 'Calima' (Cal), 'Flageolet Chevrier' (FlC), 'Rognon de Coq' (RdC), 'Roi des Belges' (RdB) and 'Saint Esprit à Oeil Rouge' (SES)] for two consecutive years in two farms located in Brittany (BZH) and Luxembourg (LUX) ( Table S1 ).
Genetic diversity within and among cultivars
The genetic diversity of the five bean cultivars used in this study was firstly assessed through 11 simple sequence repeat (SSR) markers covering all the species linkage groups (Table S2 ). According to SSR data analyses, the number of analysed individuals was suitable to represent the cultivars level of genetic diversity. Indeed, mean SSR allelic accumulation curves were close to reaching the asymptote for all five cultivars (Fig. S1) . A total of 38 alleles were obtained from the amplification of the 11 SSR loci selected. The majority of the loci was polymorphic because alleles with frequencies > 95% were only observed at loci AG01 and BM137. Private alleles were found in all cultivars, one in RdB (frequency = 0.03), four in SES (mean frequency ± standard error = 0.76 ± 0.218), three in FlC (0.64 ± 0.294), five in RdC (0.28 ± 0.068) and two in Cal (0.53 ± 0.469). (Table S3) . This implies that a high level of genetic diversity was present within RdC, whereas RdB and SES had rather low levels of within cultivar diversity.
The calculated genetic distance (GD) matrix indicated that the cultivars are composed of a different number of multilocus genotypes, i.e. 16 genotypes in RdC (88.9% of total examined individuals), eight in FlC (44.4%), seven in Cal (43.7%) and five in both SES and RdB (27.8%). At individual level, the genetic relationship between cultivars was investigated by principal coordinates analysis (PCoA). The first two major axes explained 70.7% of the total variation (Fig. S2A ) and this percentage reached 86.3% when the third axe was considered (Fig. S2B ). The first two principal coordinates clearly separated Cal and SES from the all the other varieties, whereas the third was necessary to better separate FlC from RdB and RdC (Fig. S2) .
Analysis of molecular variance (AMOVA) results indicated that both among and within cultivar genetic diversity is significant (Table S4) with the largest proportion due to the diversity among cultivars (77.6% versus 22.4%). These results were confirmed by the values of average numbers of pairwise differences between cultivars (PiXY), which were all statistically significant. Highest pairwise differences were detected among SES and FlC (PiXY = 8.51, P ≤ 0.001) and between RdB and SES (PiXY = 7.62, P ≤ 0.001) (Table S5 and Fig. S3 ). In addition, different cultivars were characterized by a different level of within cultivar diversity as shown by PiX analysis results. PiX ranged from 0.62 (SES) to 3.43 (RdC). To a certain extent, it was similar for cultivars RdB, SES, Cal and FlC, whereas RdC showed a higher value (Table S5 and Fig. S3 ). According to reported results, the selected cultivars displayed a large level of both among and within genetic diversity, RdC being the most diverse.
Effect of sampling on seed microbiota profiling
The structure of the microbial assemblages associated to 27 seed samples was assessed by sequencing (i) the V4 region of 16S rRNA gene (Caporaso et al., 2011) and (ii) the ITS1 region of the fungal ITS (Schoch et al., 2012) . Overall, 3 281 571 and 5 553 827 pairs of reads were obtained for 16S rRNA gene and ITS1 sequences respectively (Table S6 ). Raw reads were first assembled in quality sequences and then grouped into OTUs at ≥ 97% sequence identity (see Experimental procedures section). Only abundant OTUs representing at least 0.1% of the library size were conserved for subsequent analyses (Barret et al., 2015) . Using this relative abundance threshold, 195 and 157 OTUs were obtained with 16S rRNA gene and ITS1 sequences respectively. These abundant OTUs represented 95.6% of all 16S rRNA reads and 96.6% of all ITS1 reads.
To investigate the magnitude of variability between seed samples of the same bean cultivar harvested on the same site, we monitored the proportion of bacterial and fungal OTU shared between field replicates. Despite a relatively high sequencing depth (> 38 000 sequences per sample, Table S6 ), the number of bacterial OTUs shared between field replicates was low ranging from 0.9% to 27.9% of all bacterial OTUs (Table S7 ). Because the bacterial assemblages associated to some seed samples were composed of only one to three abundant OTUs, the heterogeneity observed between seed samples is likely due to the presence of dominant taxa within the assemblage that masked the detection of other bacterial taxa. In comparison, composition of seed-associated fungal assemblage was more homogenous with 27.6-55.9% of OTUs conserved across all field replicates (Table S7 ). As the replicates were not obtained by resampling one seed lot, but consisted of field replicates obtained from a field trial sown in complete replicated blocks, this heterogeneity may be explained in part by variations within the trial field.
Next, we explored OTUs that were conserved across bean cultivars and experimental sites. A total of 22 and 16 fungal OTUs systematically associated to every seed lot were observed in BZH and LUX respectively ( Fig. S4 and Table S8 ). Moreover, each bean cultivar was composed of 11-20 ubiquitous fungal OTUs depending on the plant genotype ( Fig. S4 and Table S8 ). Overall, seven fungal OTUs were conserved between all the sites and cultivars suggesting that these OTUs represent the core members of fungal assemblages associated to common bean seeds. These seven OTUs corresponded to five Ascomycota and two Basidiomycota. As stated earlier, data obtained with the 16S rRNA gene sequence were more variable. Consequently, one to three OTUs were associated with different bean cultivars and only one OTU affiliated to Pseudomonas genus was conserved between all the experimental sites and cultivars ( Fig. S4 and Table S8 ).
The experimental site influences the structure of microbial assemblages
The influence of experimental site and bean cultivar on bacterial and fungal richness was initially assessed by comparing the number of OTUs between treatments. According to Kruskal-Wallis test, no significant difference in bacterial richness was observed between experimental sites (P = 0.11; Fig. 1 ) nor between bean cultivars (P = 0.34, Fig. S5 assemblage (assessed by Simpson's inverse index) was also unaffected by experimental site and bean cultivars (P = 0.25 and P = 0.29 respectively). On the contrary fungal richness and α-diversity of fungal assemblage significantly decreased in LUX site in comparison to BZH (P < 0.001 and P = 0.01, Fig. 1 ), whereas no differences were observed between bean cultivars (P = 0.61 and P = 0.78, Fig. S5 ).
Because fungal richness and α-diversity of seedassociated fungal assemblages were affected by the experimental sites, diversity between samples (also known as β-diversity) was estimated with Bray-Curtis dissimilarity (Bray and Curtis, 1957) . Hierarchical clustering of Bray-Curtis dissimilarity index and subsequent AMOVA revealed a significant effect of the experimental site on the structure of bacterial (P = 0.032; Fig. 2A ) and fungal assemblages (P < 0.001, Fig. 2B ). In contrast, the bean cultivar was neither significantly shaping the composition of bacterial assemblage (P = 0.64) nor the composition of fungal assemblage (P = 0.81). The relative contribution of terroir and bean cultivar on microbial β-diversity was further inspected by a canonical analysis of principal coordinates (CAP) on Bray-Curtis dissimilarity matrix. On the one hand, CAP analyses revealed that the majority of the variation in fungal diversity across seed samples is explained by the terroir (39.7% of the variation, P < 0.001), whereas 12.2% of variation in bacterial β-diversity is explained by this factor (P = 0.037). On the other hand, bean varieties did not explain variation in fungal (P = 0.80) and bacterial (P = 0.78) β-diversity. In conclusion, the terroir was the main factor driving fungal and bacterial assemblage structure.
Taxonomic composition of the bean seed microbiota
Because the structure of seed microbiota was mainly shaped by the location of the production region, we examined the variation in seed microbiota composition between seeds harvested from both experimental sites. According to 16S rRNA gene sequences, bacterial OTUs were mostly affiliated to Gammaproteobacteria with a relative abundance of 91% and 79% for the BZH and LUX sites respectively. Pseudomonas was by far the most represented bacterial genus with 48% and 77% of all reads for BZH and LUX respectively. Regarding fungal community composition, the seed microbiota of LUX was mainly composed of Ascomycota (83%), whereas ratio between Ascomycota (59%) and Basidomycota (37%) was more balanced in BZH. At the genus level, Cryptococcus and Fusarium were well represented in BZH, whereas Alternaria, Eurotium and Fusarium were frequently associated to LUX (Fig. S6) .
Next, we investigated changes in relative abundance of OTUs between experimental sites and cultivars. Bacterial and fungal OTUs were defined as significantly enriched or depleted in one treatment at a corrected P-value < 0.001 and a log 2 fold change magnitude ≥ 2. Using these criteria, we only detected significant changes in relative abundance of bacterial and fungal OTUs between experimental sites (Table S9 and Table S10 ). More precisely, 24 bacterial OTUs, mostly affiliated to Bacilli, were enriched in BZH in comparison to LUX (Table S9 ). On the contrary, 34 OTUs were enriched in LUX. Seven of these OTUs were affiliated to Enterobacteriaceae. Interestingly, members of the bacterial phyla Acidobacteria and 
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Verrucomicrobia were also found enriched in seed samples harvested from BZH (Table S9) . Numerous variations in relative abundance of fungal OTUs were also observed between the two experimental sites, confirming changes of fungal diversity observed previously. A total of 54 and 46 fungal OTUs were significantly enriched in LUX and BZH respectively (Table S10) . Among these OTUs, the genera Rhizoctonia and Fusarium were mainly associated to LUX, while Cryptococcus and a group of unclassified OTUs were enriched in BZH (Table S10) .
Interactions between microbial taxa associated to seed samples
Differences of microbial assemblage composition between seeds harvested from BZH and LUX are probably linked to changes of microbial community structure. In order to predict microbial interactions within seedassociated assemblages, we explored positive and negative associations between entities of these assemblages by generating environment-specific correlations networks with Sparse Correlations for Compositional data algorithm (SparCC; Friedman and Alm, 2012) . Considering only inferred correlations with pseudo P-values ≤ 0.001, we identified 260 and 132 associations between 85 and 48 bacterial OTUs associated to seeds harvested in BZH and LUX respectively (Fig. 3A and B and Table S11 ). The lower number of nodes in the network inferred with seedassociated bacterial assemblages from LUX could be explained by the high prevalence of OTU0001 (affiliated to Pseudomonas) in this site. Indeed the increase in relative abundance of this OTU ultimately results in decrease of relative abundance of others OTUs, and consequently caused difference in co-occurrence patterns.
Overall, both bacterial correlation networks were fragmented into one major module and some minor clusters consisting of two to three OTUs ( Fig. 3A and B) . Nodal degree (number of association between nodes) was rather low for each correlation network with a median number of two inferred correlations between bacterial The effect of uneven sampling was corrected by dividing sequence counts by total library size. Nodes correspond to OTUs, and connecting edges indicate inferred correlations between them. Node colour represents the different bacterial and fungal taxa. Only positive (orange) and negative (blue) correlations with pseudo P-value ≤ 0.001 were represented in the network using the R package QGRAPH. EMI12977 6 S. Klaedtke (Table S11 ). The highest degree nodes of BZH bacterial network (a.k.a hubs) were related to taxonomically diverse OTUs including Alphaproteobacteria, Betaproteobacteria, Actinobacteria and Bacteroidetes (Fig. 3A) , whereas hubs of LUX bacterial correlation network were mostly affiliated to Gammaproteobacteria (Fig. 3B) . According to edgeR analysis, these latter entities are part of OTUs significantly enriched in the LUX site, whereas the relative abundance of BZH hubs was not significantly different between sites.
In comparison with bacterial networks, correlations networks inferred from seed-associated fungal assemblages harvested in BZH (Fig. 3C) and LUX (Fig. 3D) were composed of less edges and nodes (Table S11) , suggesting fewer interactions between entities of these assemblages. The topology of BZH fungal networks was clearly different from the topology of other fungal and bacterial networks with multiple modules composed of two to eight OTUs (Fig. 3C) . The highest degree nodes of each environmentspecific correlations network were related to fungal OTUs significantly enriched in BZH (Eurotiomycetes and Tremellomycetes) or LUX (Sordariomycetes). However, the number of connections that these hubs shared with other nodes was quite low in comparison with bacterial networks with a maximal degree of 5 and 4 for BZH and LUX respectively.
Discussion
Seeds have evolved in association with diverse microbial assemblages that may influence plant growth and health (Nelson, 2004; Darrasse et al., 2010; Goggin et al., 2015) . To date, studies concerning the composition of these seed-associated microbial assemblages are scarce in comparison with other plant habitats such as the phyllosphere and the rhizosphere (Vorholt, 2012; Philippot et al., 2013) . Results obtained in this work indicate that terroir is a key driver involved in the assembly of the seed microbiota. The variable farm sites were taken as a proxy of the terroir, which is a combination of human practices and environmental conditions (Prevost and Lallemand, 2010) . Indeed the two farm sites targeted in our study explained 12% and almost 40% of the variation in bacterial and fungal β-diversity respectively. Interestingly, a significant regional pattern has also been observed in the grape microbiota, especially for grapeassociated fungal assemblages (Bokulich et al., 2014) , suggesting an important effect of terroir on habitats associated to the reproductive stages of the plant. Because terroir is the result of the interactions between a human community and the environment (Prevost and Lallemand, 2010) , it is somewhat difficult to assess the relative contribution of each factor in the composition of seedassociated microbial assemblages. Nevertheless, according to our results it seems that the plant genotype does not significantly explain variation of microbial diversity across seed samples. This finding is in agreement with a previous study performed on multiple seed-associated assemblages of various plant species (Barret et al., 2015) . However, some entities of seed-associated assemblages can be conserved across different plant lineages (Links et al., 2014) and from one plant generation to another (Johnston-Monje and Raizada, 2011; Hardoim et al., 2012) .
An important fraction of variability in seed microbiota composition is explained neither by environmental structuring factors nor by host genotype. This is especially true for seed-associated bacterial assemblages where only 12.2% of variation in bacterial β-diversity is explained by the farm site. Although seeds of various origins shared a common microbiota at higher taxonomic rank, seed-associated bacterial assemblages are extremely different at the OTU level (Lopez-Velasco et al., 2013; Links et al., 2014; Barret et al., 2015) . Indeed, only one abundant bacterial OTU affiliated to Pseudomonas is conserved across all seed samples. This high variability between seed lots is probably not due to insufficient sequencing effort because each seed sample contained a minimum of 38 000 high quality sequences. The lack of apparent shared OTUs between seed samples could be explained by within-individual heterogeneity of seed traits such as seed size (Halpern, 2005) . Additionally, neutral processes such as assembly history may determine the structure of seed-associated bacterial assemblages (Aleklett and Hart, 2013) . In other words, the colonization order of the seed habitat during its development and maturation could have a decisive impact on community assembly, as it has been previously shown for other plant-related habitat such as the phyllosphere (Maignien et al., 2014) .
Early seed colonizers are probably transmitted from plant to seed by two major pathways: (i) internal transmission through the vascular system or (ii) floral transmission by the stigma (Maude, 1996; Darsonval et al., 2008) . Then, other microbial entities are subsequently incorporated within the microbiota during seed development through contact of the seed with microorganisms present on fruits, flowers or residues (Maude, 1996) . At harvest and post-harvest, the seed is also in contact with tools used for harvest and threshing and with the locale in which it is stored. Therefore, the structure of seedassociated microbial assemblage is probably shaped by the spatio-temporal dynamics of microbial interactions. In order to detect potential interactions within bacterial and fungal communities associated to seeds, we have analysed co-occurrence networks of OTUs among the seed samples examined in our study using SparCC (Friedman and Alm, 2012 in the topology of bacterial and fungal co-occurrence networks, with more inferred correlations within bacterial networks than within fungal networks. This might suggest less interactions between fungal entities of microbial assemblages as results of compartmentalization of fungal populations within different locations (from the embryo to the testa) of the seed habitat (Singh and Mathure, 2004; Pochon et al., 2012) . Investigation of co-occurrence networks also highlighted frequent co-occurrence of OTUs related to the same bacterial or fungal class, which is in agreement with previous network analyses (Toju et al., 2014; Barret et al., 2015) . However, hubs of bacterial network were related to taxonomically diverse OTUs, which may indicate that these hubs possessed different functional potentials. However, this hypothesis has to be validated with experimental models in order to determine whether these distinct bacterial taxa are not functionally similar entities.
In comparison with seed-associated bacterial assemblages, fungal assemblages are less diverse across seed samples harvested from the same bean cultivar at the same experimental site (27.6-55.9% of shared fungal OTUs), confirming previous observations on other seedassociated fungal assemblages (Barret et al., 2015) . Although fungal assemblages of seeds of the same bean cultivar harvested on the same production region are relatively similar, we only detected seven conserved fungal OTUs across all genotypes cultivated on both experimental sites. These core OTUs are affiliated to ubiquitous fungal genera such as Alternaria (Woudenberg et al., 2013) and Cladosporium (Bensch et al., 2012) , which are frequently associated to various plant habitats including seeds (Links et al., 2014; Barret et al., 2015) . The relatively small proportion of fungal members systematically associated to all seed samples is explained by a strong effect of terroir on fungal diversity. Hence, seedassociated fungal assemblages are, unlike bacterial assemblages, driven by deterministic processes, which is in accordance with biogeographic patterns observed in various soil-associated fungal assemblages (Meiser et al., 2013; Bahram et al., 2015) . Therefore, it seems highly plausible that a majority of fungi associated to bean seeds are primarily derived from the local environment (e.g. soilborne or airborne fungi) rather than from one plant generation to another (seedborne). The taxonomic affiliation of fungal OTUs significantly enriched in the BZH or LUX sites promotes this hypothesis. For instance, OTUs related to soilborne fungi such as Fusarium (Roncero et al., 2003) and Rhizoctonia (Okubara et al., 2014) are significantly enriched in the experimental site located in LUX. Therefore, the dispersion of seed in different production regions (or terroirs) affects seedassociated fungal assemblages and may consequently impact seed fitness. Despite the use of genetically diverse cultivars for this analysis, no cultivar effect on fungal assemblages was detected.
Overall, the present work suggests that seedassociated microbial assemblage is determined by nichebased processes and that the terroir is a key driver of these selective forces. Farmers engaged in small-scale, local seed production thus seem to be safeguarding not only the seed and genetic diversity of traditional cultivars (Negri & Tiranti, 2010) , but also the seed-associated microbial assemblages specific of their terroirs. Although we cannot conclude on the specific implications of particular terroir-bound microbial assemblages on plant health and fitness, it is tempting to speculate that these assemblages may play a role in the local adaptation of crops to their production site. Further research on the functional properties of seed-associated microorganisms will give further insight into this role.
Experimental procedures

Field trials
The effect of terroir and cultivar on the structure of seedassociated microbial assemblages was assessed by analysing seed samples obtained in two different farms located in BZH and LUX. Seed samples were obtained by multiplying five initial seed lots for two consecutive years in both farms. Both farms are organic and engaged in small-scale seed production of traditional cultivars. According to the definition given in the introduction, terroir is the result of the interaction between a human community and the environment, including its biotic and abiotic components. Under real-life conditions, the bean crop interacts with the abiotic, biotic and human environment in the field and post-harvest. Therefore, crop management (Table S1) , seed harvest and post-harvest cleaning and sorting were conducted according to the practices of the local farmers to account for all the components of terroir. The two experimental sites are characterized by differences in average temperature and rainfall (Table S1) . Moreover, soil analyses revealed variations in calcium, nitrogen, potassium and phosphorous content as well as differences of pH (Table S1) .
Four of the seed lots consisted of farm seeds of traditional cultivars representing a range in tolerance to diseases and climatic factors, namely FlC, RdC, RdB and SES. Seed of the commercial cultivar Cal obtained from Hild Samen GmbH was used as a commercial control.
Field trials were organized as three complete replicated blocks per cultivar with plot sizes ranging from 5.6 to 9 m 2 according to site and year. Plants were harvested and threshed by stomping. A first cleaning and sorting step was carried out by a traditional wind separator. A second sorting step was done by hand according to the practices of the local farmers. A total of 27 seed samples were harvested in 2013 after the initial seed lots had been exposed to contrasting biotic and abiotic environments for two consecutive years. There were 15 seed samples obtained in BZH, whereas only 12 seed lots were harvested in LUX because the cultivar RdC failed to yield sufficient seed for analyses. 
Plant DNA extraction and SSR genotyping
The diversity of morphological and agronomic traits among the bean cultivars employed suggested a large genetic diversity, suited to test the effect of host genotypes on seedassociated microbial assemblages. In order to verify and explore the genetic diversity existing among and within the five common bean cultivars, a total of 88 bean plants were genotyped using 11 SSR molecular markers. These included 18 plants from each one of the four traditional cultivars (FlC, RdC, RdB and SES) and 16 from the commercial cultivar Cal. In 2014, the plants were grown in a greenhouse from the seed lots used to implement the field trials and 50 mg of fresh leaf tissue were collected from each individual plant. Genomic DNA was extracted using the TissueLyser II (Qiagen) and the extraction kit DNeasy® 96 Plant Kit (Qiagen) according to protocols provided by the manufacturer. The DNA quality and concentration were assessed through spectrophotometry using NanoDrop 2000 (Thermo Scientific).
The molecular characterization was carried out using 11 SSR markers covering all the species linkage groups (Table S2 ). For each primer combination, the forward primer was 5′ end-labelled with one of the fluorescent tags 6-FAM, VIC, NED and PET (Applied Biosystems). Multiplex reactions were prepared using primers with similar annealing temperature and taking into account amplicon sizes. All the polymerase chain reaction (PCR) reactions were performed in an Applied Biosystems 2720 Thermal Cycler in a volume of 12 μl containing the following: 20 ng of template DNA, 1 × Type-it® Multiplex PCR Master Mix (Qiagen) and 0.4 μM of each primer and using the following thermal profile: 94°C for 4 min, followed by 12 cycles of 94°C for 30 s, x°C for 30 s, 72°C for 30 s, 25 cycles of 94°C for 10 s, x′°C for 15 s, 72°C for 20 s and 20 min at 72°C in the final extension where x was equal to the annealing temperature and x′ to the same temperature decreased by 1°C (Table S2 ). The amplification products were combined with highly deionized formamide and a size standard (GeneScan™ 500 LIZ®, Applied Biosystems) and separated on a ABI3130xl automated sequencer. Sample profiles were scored manually using the GENEMAPPER® Software version 4.0 (Applied Biosystems).
SSR data analysis
A moment-based richness estimator was used to calculate allelic richness up to the number of individuals present in each cultivar using the R function for allelic richness estimation (ARES) from Van Loon et al. (2007) . Mean accumulation curves of estimated allelic richness were produced. The total number of polymorphic loci was calculated following the criterion of 95% of major allele frequency. For each cultivar and SSR locus, number (Na) and effective number (Ne) of alleles per locus, observed (Ho) and (He) expected heterozygosity and number of private alleles (P) were calculated. A MannWhitney (MW) test was performed to assess the cultivar effect on the above-mentioned diversity parameters in pairwise comparisons. Because of the high degree of selfing of common bean, fixation index and deviation from HardyWeinberg equilibrium were not calculated.
A pairwise, individual-by-individual (N × N) GD matrix was calculated for co-dominant data according to Peakall et al. (1995) and Smouse and Peakall (1999) and used to perform a PCoA. PCoA results were plotted using the GGPLOT2 package (Wickhan, 2009) in R software (R Development Core Team, 2014) . AMOVA was used to study the partition of molecular variance components among and within cultivars. Statistical significance of obtained results was tested using 999 permutations with GENALEX software 6.3 version (Peakall and Smouse, 2006) . Within cultivar, diversity was worked out as average number of pairwise differences between individuals (PiX). Genetic differentiation between cultivars was also assessed as the average number of pairwise differences between cultivars (PiXY). Finally, the corrected number of average pairwise differences between cultivars was worked out as [PiXY − (PiX + PiY)/2]. These parameters were calculated using ARLEQUIN ver 3.5 (Excoffier and Lischer, 2010) .
Microbial DNA extraction, amplicon library construction and sequencing
Approximately 200 bean seeds of each sample were transferred in a sterile blender bag containing 250 ml of phosphate buffer saline supplemented with 0.05% (v/v) of Tween® 20. Samples were incubated overnight at 4°C under constant agitation. Suspensions were centrifugated (6000 × g, 10 min, 4°C) and pellets were re-suspended in approximately 2 ml of supernatant and transferred in microtubes. Total genomic DNA was extracted from 27 different samples using PowerSoil® DNA isolation kit (MO BIO) following the manufacturer's protocol (Table S6 ). In addition, an artificial community sample was prepared by mixing equal amounts of genomic DNA of 15 bacterial strains belonging to 13 distinct bacterial families (Barret et al., 2015) . This artificial community sample is a useful indicator of sequencing error rate (Schloss et al., 2011) .
Amplicon libraries were constructed following two rounds of PCR amplification. The first round was performed with the PCR primers 515f/806r (Caporaso et al., 2011) and ITS1F/ ITS2 (Buee et al., 2009) , which target the V4 region of 16S rRNA gene and ITS1 respectively. Forward and reverse primers carry the following 5′-CTTTCCCTACACGACGCT CTTCCGATCT-3′ and 5′-GGAGTTCAGACGTGTGCTCTTC CGATCT-3′ tails respectively. All PCR reactions were performed with a high-fidelity polymerase (AccuPrime TM Taq DNA Polymerase System; Invitrogen) using the manufacturer's protocol and 2 μl of environmental DNA (approximately 10 ng). Cycling conditions for 515f/806r and ITS1F/ITS2 were adapted from Caporaso and colleagues (2011) and Buee and colleagues (2009) . Reactions were held at 94°C for 2 min, followed by 30 cycles of amplification 94°C (30 s), 50°C (60 s) and 68°C (90 s) with a final extension step of 10 min at 68°C. All amplicons were purified with the Agencourt® AMPure® XP system and quantified with QuantIT TM PicoGreen®. The second round of amplification was performed with 5 μl of purified amplicons and primers containing the Illumina adapters and indexes. PCR cycling conditions were: 94°C (2 min), followed by 12 cycles of amplification [94°C (1 min), 55°C (1 min) and 68°C (1 min)] and a final extension step at 68°C (10 min). All amplicons were purified and quantified as previously described. The purified amplicons were then pooled in equimolar concentrations and EMI12977 
Clustering MiSeq reads into OTUs
Raw reads were analysed using the steps described in Barret and colleagues (2015) . Briefly, 16S rRNA gene sequences were aligned against the 16S rRNA gene SILVA alignment using MOTHUR V1.33 (Schloss et al., 2009) . Chimeric sequences were detected with UCHIME (Edgar et al., 2011) and subsequently removed from the data set. Taxonomic affiliation of 16S rRNA genes was performed with a Bayesian classifier (Wang et al., 2007) (80% bootstrap confidence score) against the 16S rRNA gene training set (v9) of the Ribosomal Database Project (Cole et al., 2009) . Unclassified sequences or sequences belonging to Eukaryota, Archaea, chloroplasts or mitochondria were discarded. Sequences were assigned to OTUs at 97% identity.
The variable ITS1 regions of ITS sequences were extracted with the Perl-based software ITSX (Bengtsson-Palme et al., 2013) . Then sequences were processed using the QUANTITATIVE INSIGHT INTO MICROBIAL ECOLOGY (QIIME V1.7.0) software (Caporaso et al., 2010) . Sequences were clustered at a 97% identity cut-off using UCLUST (Edgar, 2010) and taxonomic affiliation was performed with a Bayesian classifier (Wang et al., 2007) (80% bootstrap confidence score) against the UNITE database (Abarenkov et al., 2010) .
Microbial community analyses
Only abundant OTUs representing at least 0.1% of the library size were conserved for microbial community analyses (Barret et al., 2015) . Both α and β diversity indexes were calculated with MOTHUR V1.33 (Schloss et al., 2009) . Richness was assessed with the number of observed OTUs and diversity with Simpson's inverse index. Kruskal-Wallis oneway analysis of variance by ranks (Kruskal and Wallis, 1952) was performed to assess the effect of the different factors on α-diversity. The effects of cultivation site and cultivar were tested across cultivation sites, whereas the effect of field replications was tested within each site. Beta-diversity was assessed using Bray-Curtis dissimilarity index (Bray and Curtis, 1957) . AMOVA (Excoffier et al., 1992) was performed to assess the effect of the different factors on the microbial community structure (P < 0.05). Moreover, CAP was conducted to measure the relative influence of terroir and the bean cultivar on the microbial β-diversity. CAP analyses were performed with the function capscale of vegan and significances of the factors were calculated with ANOVA-like permutation tests using the function permutest. Differences in taxonomic abundance were highlighted with Krona radial space-filling display (Ondov et al., 2011) .
Differences in relative abundance of OTUs between the different factors were assessed with the R package EDGER (Robinson et al., 2010) . Sequence counts were first normalized with the Relative Log Expression method (Anders and Huber, 2010) , which is implemented in EDGER. Exact binomial tests corrected for multiples inferences with the BenjaminiHochberg method (Benjamini and Hochberg, 1995) were then performed to detect differences in relative OTUs abundance between factors. OTUs were defined as significantly enriched or depleted in one treatment with a corrected P-value < 0.001 and a log 2 fold change magnitude ≥ 2. Correlations between OTUs were calculated with the SparCC (Friedman and Alm, 2012) implemented in MOTHUR. The effect of uneven sampling was corrected by dividing sequence counts by total library size (proportion). Statistical significance of the inferred correlations was assessed with a bootstrap procedure (100 replications). Only correlations with pseudo P-value ≤ 0.001 were represented in the network using the R package QGRAPH (Epskamp et al., 2012) .
All sequences have been deposited in the ENA database under the accession number PRJEB8866. 
Supporting information
Additional Supporting Information may be found in the online version of this article at the publisher's web-site: Fig. S3 . Heatmap of genetic diversity between and within varieties. Heatmap of (i) average number of pairwise differences between varieties (green, upper half of the matrix), (ii) average number of pairwise differences within variety (orange, diagonal) and (iii) corrected average pairwise difference between the varieties (blue, lower half of the matrix). The corresponding legends to the color codes are on the right side. Fig. S4 . Bacterial and fungal OTUs conserved across experimental sites and bean cultivars. Fig. S5 . Estimation of bacterial and fungal diversity. Richness (OTUs) and diversity (Simpson's inverse index) were estimated for seed samples of the different bean cultivars. Kruskal-Wallis one-way analysis of variance was performed to assess the effect of the production region on richness and α-diversity. Table S1 . Location and characteristics of the experimental sites. Table S2 . SSR loci list. List of the 11 SSR loci used to characterize the five common bean varieties. For each marker, locus name, linkage group (LG), primer sequence and annealing temperature in°C (Ta) are reported. Table S3 . SSR genetic diversity indexes. Mean diversity indexes of the five studied varieties calculated on the SSR dataset. Table S4 . AMOVA results. Analysis of molecular variance (AMOVA) showing the partitioning of genetic variation within and between varieties. Table S5 . Variety average pairwise differences. The (i) average number of pairwise differences between varieties (upper half of the matrix), (ii) average number of pairwise differences within variety (diagonal) and (iii) corrected average pairwise difference between the varieties (lower half of the matrix) are reported. Table S6 . Seed-associated microbial assemblages sequenced in this study. The number of paired-reads, quality sequences, operational taxonomic units (OTUs) abundant OTUs (OTUs, representing at least 0.1% of the library size) and abundant quality sequences are indicated for each seed sample. Samples with less than 1000 sequences were discarded in this analysis. The cultivar 'Rognon de Coq' did not yield sufficient seed for sampling in Luxembourg (na : not available). Table S7 . Effect of sampling on seed microbiota profiling. The number and proportion of OTUs shared between field replicates are indicated for the 16S rRNA gene and ITS1 sequences. The cultivar 'Rognon de Coq' did not yield sufficient seed for sampling in Luxembourg (na : not available). Table S8 . List of bacterial and fungal OTUs conserved across bean cultivars and experimental sites. The OTUs conserved across experimental sites (BZH or LUX) and bean cultivars (Cal, Flc, RdB and Ses) are indicated with the letter C. The cultivar 'Rognon de Coq' (RdC) did not yield sufficient seed for sampling in Luxembourg. Consequently OTUs conserved within this cultivar have not been assessed. Table S9 . List of bacterial OTUs significantly enriched at each experimental site. Differences in relative abundance of OTUs between the different experimental sites were assessed with the R package edgeR. OTUs were defined as significantly enriched or depleted in one treatment with a corrected P-value < 0.001 and a log2 fold change magnitude ≥ 2. Table S10 . List of fungal OTUs significantly enriched at each experimental site. Differences in relative abundance of OTUs between the different experimental sites were assessed with the R package edgeR. OTUs were defined as significantly enriched or depleted in one treatment with a corrected P-value < 0.001 and a log2 fold change magnitude ≥ 2. 
